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Abstract. Achnasya JF, Pangastuti A, Sari SLA. 2026. Exploration of bacterial communities for low-density polyethylene (LDPE) 

degradation in the mangrove area of Pamekasan, East Java, Indonesia. Biodiversitas 27 (3): d270325. 

https://doi.org/10.13057/biodiv/d270325. Low-density polyethylene (LDPE) is one of the most widely used synthetic plastics and a 

major contributor to persistent pollution in coastal ecosystems, including mangrove environments. Mangroves act as natural sinks for 

plastic debris, yet the diversity and functional potential of plastisphere-associated bacteria in these systems remain insufficiently 

understood. This study investigated bacterial community dynamics during LDPE-driven enrichment and identified indigenous LDPE-

degrading bacteria from mangrove sediments in Pamekasan, East Java, Indonesia. Sediment samples from three mangrove sites were 

subjected to three sequential enrichment cultures using carbon-free marine medium with LDPE beads as the sole carbon source. 

Microbial community shifts were analyzed through metagenomic sequencing, while LDPE degradation capacity was evaluated using 

gravimetric weight loss, FTIR spectroscopy, and SEM-EDX analyses. Enrichment resulted in pronounced restructuring of bacterial 

communities, characterized by reduced richness but increased functional specialization across culture stages. Dominant taxa included 

Qipengyuania, Flavobacterium, Acinetobacter, Pseudoxanthomonas, and Pseudomonas, with a stable core of ASVs persisting 

throughout enrichment. From the tertiary culture, three culturable isolates demonstrated LDPE-degrading potential: Microbacterium 

aurantiacum K2, Microbacterium sp. K3, and Bacillus sp. K5. Among these, Bacillus sp. K5 exhibited the highest degradation 

efficiency, achieving 21.35% LDPE weight loss, followed by Microbacterium sp. K3 (20.27%) and M. aurantiacum K2 (17.10%). FTIR 

and SEM analyses confirmed oxidative surface modification and structural damage of LDPE films. These findings demonstrate that 

mangrove plastisphere communities harbor specialized bacteria capable of initiating LDPE degradation and highlight the ecological role 

of enrichment-driven microbial selection. The study provides a foundation for developing nature-based and environmentally compatible 

strategies for mitigating plastic pollution in coastal ecosystems. 
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INTRODUCTION  

Low-density polyethylene (LDPE) is one of the most 

widely produced synthetic polymers and constitutes a 

major contributor to persistent plastic pollution in aquatic 

and coastal environments (Geyer et al. 2017; Li et al. 

2020). Its extensive application in single-use packaging, 

combined with inefficient waste management, has resulted 

in its widespread accumulation across marine ecosystems. 

Due to its high molecular weight, hydrophobic nature, and 

chemical stability, LDPE is highly resistant to natural 

degradation processes and can persist for extended periods 

in both sediments and water columns (Li et al. 2020). In 

low-energy environments, where hydrodynamic forces are 

limited, plastic debris is readily retained and subjected to 

gradual fragmentation, increasing its environmental 

persistence and ecological impact. 

Mangrove ecosystems are particularly vulnerable to 

plastic accumulation. The complex root systems of 

mangroves, including pneumatophores and prop roots, 

facilitate the trapping and burial of plastic debris within 

sediments (Smith 2012). Consequently, mangrove forests 

function as effective sinks for both macroplastics and 

microplastics (Cordova et al. 2023). Prolonged accumulation 

of plastic materials can alter sediment physicochemical 

properties, limit oxygen diffusion, and reduce permeability, 

thereby disrupting microbial-mediated biogeochemical 

processes (Silva et al. 2021; Deakin et al. 2025). These 

disturbances may impair nutrient cycling, affect plant 

growth, and reduce the resilience of mangrove-associated 

biota. Indonesia, which hosts the largest mangrove area 

globally (UNEP 2021; Williams and Buitrago 2022), 

represents critical region for examining the environmental 

fate of plastics. Therefore, understanding degradation 

processes in mangrove ecosystems is essential for biodiversity 

conservation and sustainable coastal management. 

In aquatic systems, plastic surfaces are rapidly colonized 

by diverse microbial communities known as the plastisphere 

(Zettler et al. 2013). These biofilm-forming assemblages 

differ from surrounding free-living microorganisms in both 

composition and ecological function (Wright et al. 2021). 

The plastisphere often includes taxa capable of adhering to 
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hydrophobic substrates and utilizing plastic-associated 

compounds. Within these biofilms, microorganisms produce 

oxidative and hydrolytic enzymes that modify polymer 

surfaces, promote chain scission, and generate low-molecular-

weight compounds (Mohanan et al. 2020; Mishra et al. 

2023). These compounds may subsequently serve as carbon 

and energy sources for microbial metabolism. Although 

LDPE is considered highly recalcitrant, increasing evidence 

indicates that naturally occurring microbial consortia can 

induce partial degradation under selective environmental 

conditions (Moharir and Kumar 2019; Wang et al. 2021). 

Recent advances in high-throughput sequencing have 

enhanced the resolution of microbial community analyses 

in plastisphere studies. Amplicon sequence variant (ASV)-

based approaches enable precise tracking of microbial 

succession during enrichment processes and allow 

identification of dominant and persistent taxa (Dhali et al. 

2024). However, sequence-based approaches alone cannot 

directly confirm functional degradation capacity (Madhuri 

et al. 2019). In contrast, culture-dependent methods provide 

experimental validation of biodegradation but are limited to 

culturable and fast-growing microorganisms. As a result, 

studies integrating community-level dynamics with isolate-

based functional validation remain limited, particularly in 

tropical and Indo-Pacific mangrove ecosystems (Sheng et 

al. 2021). 

In Indonesia, despite increasing attention to plastic 

pollution in mangrove habitats, studies linking plastisphere 

microbial succession with experimentally validated LDPE 

degradation remain scarce. Most previous research has 

focused either on community profiling or on individual 

isolate degradation assays, without establishing direct 

relationships between microbial dynamics and degradation 

performance (Ligo et al. 2020; Zeenat et al. 2021). This 

limitation constrains a comprehensive understanding of the 

ecological mechanisms underlying plastic biodegradation 

in natural environments. 

Therefore, this study integrates culture-independent and 

culture-dependent approaches to investigate LDPE 

biodegradation in mangrove sediments from Pamekasan, 

East Java. The objectives are to: (i) characterize bacterial 

community succession during LDPE-driven enrichment 

using ASV-based metagenomic analysis, (ii) identify 

persistent and dominant taxa associated with LDPE utilization, 

and (iii) evaluate the degradation potential of selected 

isolates using gravimetric, FTIR, and SEM-EDX analyses. 

We hypothesize that: (i) successive LDPE enrichment 

reduces community richness while increasing dominance of 

specialized degradative taxa; and (ii) taxa persisting across 

enrichment stages exhibit higher degradation efficiency 

than transient members. This integrative approach is 

expected to provide insights into the ecological basis of 

LDPE biodegradation in mangrove plastisphere systems and 

support biodiversity-based strategies for mitigating plastic 

pollution in coastal ecosystems. 

MATERIALS AND METHODS  

Sampling area 

The samples used in this study were sediment soils 

contaminated with plastic, collected from the mangrove 

ecosystem in Pamekasan, East Java Province, Indonesia. 

Sediments were collected at a depth of roughly 2-10 cm 

beneath sea level. Sampling was conducted at three different 

stations: Tlanakan Beach (7°13'15"S 113°26'27"E), Kotasek 

Beach (7°13'52"S 113°33'05"E), and Talang Siring Beach 

(7°08'15"S 113°35'23"E) (Figure 1). These sites were 

selected due to the high abundance of plastic bags found in 

the surrounding mangrove areas and to represent the 

western, eastern, and central coastal regions of Pamekasan. 

The collected samples were placed in zip-lock bags, 

transported to the Biology Laboratory of Universitas 

Sebelas Maret (UNS), Indonesia, in an icebox, and 

promptly stored at -80°C for preservation. 
 

 

 

 
 

Figure 1. Sampling location of sediment in Pamekasan, East Java Province, Indonesia 
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Procedures 

Enrichment cultures  

Bacterial enrichment was conducted in three successive 

stages: primary, secondary, and tertiary cultures. 1 g of 

mangrove sediment collected from each sampling site was 

homogenized in 20 mL of sterile 0.85% (w/v) NaCl 

solution and incubated at 30°C with shaking at 180 rpm for 

2-3 hours to create a composite sample for the enrichment. 

Subsequently, 100 µL of the homogenate was inoculated 

into 10 mL of modified Carbon-Free Marine (CFM) medium 

supplemented with LDPE beads as the sole carbon source 

(primary culture; Culture-1). 

The modified low-carbon marine medium used in this 

study was prepared as per Rong et al. (2024). It consisted 

of (per liter of deionized water): 1 g NH₄Cl, 1 g KH₂PO₄, 1 

g K₂HPO₄·3H₂O, 0.2 g MgSO₄·7H₂O, 20 g NaCl, 0.001 g 

FeSO₄·7H₂O, 0.001 g ZnSO₄·7H₂O, 0.001 g MnSO₄·H₂O, 

and 0.001 g CuSO₄·5H₂O. A vitamin solution (0.1%, v/v) 

was added, containing nicotinic acid (1 g), thiamine 

hydrochloride (1 g), vitamin B6 (0.5 g), vitamin B12 (0.01 

g), calcium pantothenate (0.5 g), and folic acid (0.5 g) per 

liter. The pH was adjusted to 7.0. The vitamin solution was 

added at low concentration to support basal metabolic 

activity and was not intended to serve as a primary carbon 

source. 

Primary cultures were incubated at 30°C and 120 rpm 

for 30 days. Subsequently, 1 mL of Culture-1 was transferred 

into 100 mL of fresh CFM medium containing 0.5 g LDPE 

beads to establish the secondary culture (Culture-2). The 

tertiary culture (Culture-3) was prepared using the same 

procedure. All enrichment stages were performed in triplicate. 

Aeration was provided exclusively by orbital shaking, 

without additional light or pressure regulation. Linear low-

density polyethylene (LLDPE) used in this study was 

purchased from an online marketplace (Tokopedia) as 

“LLDPE murni polyethylene PE bubuk plastik biji plastik 

murni” (Tokopedia.com). No formal product code from a 

specific manufacturer was documented by the seller; 

instead, the material was supplied as standard LLDPE resin 

suitable for plastic processing. Based on typical specifications 

for industrial LLDPE, the polymer has a density range of 

~0.91-0.94 g/cm³, a melting point between ~120-130°C, 

and exhibits high tensile strength, elongation at break, and 

chemical resistance, consistent with general LLDPE 

performance used in experimental polymer studies. Culture 

growth was monitored by measuring optical density at 600 

nm (OD600). The three-stage enrichment strategy was 

applied to progressively select LDPE-degrading communities, 

whereby primary cultures recovered native microbiota, 

secondary cultures reduced non-degraders, and tertiary 

cultures enriched specialized degradative populations. 

DNA extraction  

At the end of each incubation period, 2 mL of culture 

was collected and centrifuged at 10,000 rpm for 10 min, 

and the pellet was retained. DNA was extracted from the 

samples using the ZymoBIOMICS™ DNA Miniprep Kit 

following the manufacturer’s protocol, and the extracted 

DNA was stored at -80°C. The quality and quantity of 

DNA were assessed using a biophotometer (Eppendorf 

BioPhotometer Plus), and DNA bands were visualized on 

1% agarose gel electrophoresis at 85 V for 60 min. 

Amplicon (16S rRNA) sequencing 

DNA from triplicate cultures per enrichment stage was 

pooled prior to sequencing. While this approach represents 

the replicate cultures, it limits independent assessment of 

variability between biological replicates at the sequencing 

level. The extracted genomic DNA was submitted to a 

commercial sequencing facility (Genetika Science, 

Tangerang, Indonesia) for 16S rRNA amplicon sequencing. 

The V4 hypervariable region of the 16S rRNA gene was 

amplified using the primer pair 515F/806R (16SV4). The 

V4 hypervariable region of the 16S rRNA gene was 

amplified using the primer pair 515F/806R (16SV4), a 

widely adopted approach for microbial community 

profiling using short-read sequencing technologies (Pinto 

and Bhatt 2024). Library preparation followed the Illumina 

16S Metagenomic Sequencing Library Preparation protocol, 

and paired-end sequencing was conducted on the Illumina 

NovaSeq platform.  

Raw paired-end reads were processed using Cutadapt to 

remove adapter sequences and primer regions. A maximum 

error rate of 0.1 and a minimum read length of 200 bp were 

applied during trimming. Quality filtering, denoising, and 

chimera removal were conducted using the DADA2 

pipeline, which remains a robust and reproducible approach 

for ASV-based microbiome analysis (Lehr et al. 2025). 

Taxonomic classification was performed against the SILVA 

138.2 reference database (99% OTU similarity). ASVs 

unassigned at the phylum level or classified as chloroplast/ 

mitochondria were removed prior to downstream analysis. 

Samples were rarefied to an even sequencing depth before 

alpha- and beta-diversity calculations. 

All ecological and statistical analyses were performed 

using RStudio (R version 4.2.3) with the following 

packages: phyloseq, vegan, microbiome, and ggplot2. 

Community composition was visualized using Krona Tools 

(https://github.com/marbl/Krona). Functional prediction of 

metabolic pathways was conducted using PICRUSt2 

(https://github.com/picrust/picrust2) with default settings, 

including HMMER for hidden Markov model alignment 

and MinPath for pathway inference. Alpha-diversity metrics 

(Shannon, Simpson, and Chao1 richness) were computed 

using rarefied ASV tables at an equal sequencing depth to 

minimize sampling bias. Beta-diversity was assessed using 

Bray-Curtis dissimilarity. Due to pooling DNA from 

triplicate cultures per enrichment stage, statistical tests 

comparing microbial communities (e.g., PERMANOVA) 

could not be applied. Observed differences in community 

composition are descriptive rather than statistically validated.  

Isolation and identification of dominant bacteria 

The dominant bacterial isolates obtained from the 

tertiary enrichment culture were grown on Marine Agar 

medium following serial dilution. The cultures were 

incubated at 30°C for 48-72 hours. Purification was carried 

out by streaking individual bacterial colonies until pure 

isolates were obtained. The purified isolates were 

subsequently inoculated into Marine Broth and incubated 
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for 1-2 days at 30°C. The bacterial colonies grown on solid 

media were analyzed phenotypically by observing colony 

morphology and performing Gram staining, which remains 

a fundamental approach for preliminary bacterial 

characterization (Singh et al. 2025). 

Genomic DNA from the selected bacterial isolates 

cultured in liquid media was extracted using the GeneAid 

Bacteria DNA Extraction Kit. DNA amplification was 

performed by polymerase chain reaction (PCR) using 16S 

rRNA primers 63F (5′-CAG GCC TAA CAC ATG CAA 

GTC-3′) and 1387R (5′-GGG CGG WGT GTA CAA GGC-

3′) for 35 cycles. The PCR products were visualized by 

electrophoresis on a 1% agarose gel. Subsequently, the 

amplified products were sent to Genetika Science 

(Indonesia) for sequencing using the Sanger sequencing 

method, which is still widely used for accurate taxonomic 

identification of pure isolates (Rodriguez-Pazmiño et al. 

2025). The resulting chromatograms were edited using 

BioEdit, and sequence identification was conducted through 

BLAST analysis on the NCBI (National Center for 

Biotechnology Information) database. The 16S rRNA gene 

sequences generated in this study have been deposited in 

the NCBI GenBank database under accession numbers 

PX980572-PX980579. 

Degradation analysis of LDPE plastics 

Low-Density Polyethylene (LDPE) sheet used in this 

study was obtained from an online marketplace (Tokopedia). 

The product was supplied as a clear LDPE plastic sheet 

with an approximate thickness range of 0.05-0.50 mm; no 

formal manufacturer’s product code or certified datasheet 

was provided by the seller. LDPE plastic sheets (1 × 1 cm²) 

were weighed to determine their initial mass and observed 

under a Scanning Electron Microscope (SEM) for surface 

characterization. The plastics were then introduced into 

Bushnell Haas (BH) medium. The Bushnell-Haas medium 

used for the degradation analysis consisted of the following 

components: 1.0 g/L ammonium nitrate (NH₄NO₃), 0.2 g/L 

magnesium sulfate heptahydrate (MgSO₄·7H₂O), 1.0 g/L 

dipotassium phosphate (K₂HPO₄), 0.1 g/L calcium chloride 

dihydrate (CaCl₂·2H₂O), and 0.15 g/L potassium chloride 

(KCl) (Montazer et al. 2020). Each bacterial isolate was 

inoculated into the medium at a concentration of 10% (v/v), 

while the control was prepared without bacterial inoculation. 

The cultures were incubated at room temperature with 

shaking at 120 rpm for 30 days. To ensure reliable 

degradation measurements, LDPE films (1 × 1 cm²) were 

sterilized by autoclaving, weighed, and examined by SEM 

before use. All treatments were conducted in triplicate with 

an uninoculated medium as a control. At each 10-day 

interval, LDPE pieces were cleaned in 70% ethanol for 30 

min, rinsed with distilled water, dried at 60°C for 1 h, and 

reweighed to avoid residue-related weight artifacts. The 

percentage of weight loss was calculated using the 

following formula: 

Weight loss (%) =  x 100% 

Where: 

W0 : initial weight (g)  

Wt : final weight (g) 

At the end of the incubation period, the surface 

morphology of the LDPE samples was analyzed using 

Scanning Electron Microscopy (SEM) equipped with 

Energy Dispersive X-ray (EDX) detectors. In addition, 

Fourier Transform Infrared Spectroscopy (FTIR) analysis 

was performed to identify structural changes and the 

formation of new functional groups in the LDPE polymer 

matrix. Carbonyl and hydroxyl indices were calculated as 

the ratio of absorbance at ~1650-1700 cm⁻¹ and 3200-3600 

cm⁻¹ to the reference band at ~1460 cm⁻¹. Due to the 

absence of replicate FTIR measurements, statistical 

comparison of CI and HI values was not feasible. Prior to 

FTIR, LDPE films were rinsed with 0.85% NaCl, washed 

three times with distilled water, gently sonicated to remove 

biofilm without damaging the polymer, and dried in a 

desiccator or at 35-45°C. For SEM, samples were rinsed 

with 0.85% NaCl, fixed in 4% formaldehyde, washed with 

PBS, and dehydrated through an ethanol series before final 

drying. These procedures minimized sample distortion and 

ensured that observed changes were due to microbial 

activity rather than handling effects. SEM images were 

analyzed using ImageJ web-based software. Images were 

calibrated using scale bars and converted to 8-bit grayscale. 

Surface damage parameters, including crack area percentage, 

pore density, average pit diameter, and 2D roughness 

index, were quantified using thresholding and particle 

analysis. 

Data analysis 

Metagenomic data were analyzed using bioinformatics 

tools such as Krona, PICRUSt2, and R Studio. Bacterial 

sequence data were contig-assembled and cleaned to 

remove background noise using BioEdit, and sequence 

similarity was determined by performing BLAST analysis 

against the NCBI database. Statistical tests were done for 

cell density and LDPE weight-loss (%). Data were tested for 

normality using the Shapiro-Wilk test and for homogeneity 

of variance using Levene’s test. For cell density (CFU 

mL⁻¹) and LDPE weight-loss (%) measurements, one-way 

ANOVA followed by Tukey’s honest significant difference 

(HSD) test was applied when both assumptions were met. 

Qualitative data on changes in functional groups of LDPE 

after the degradation test were analyzed using Fourier 

Transform Infrared Spectroscopy (FTIR). The FTIR 

spectra were interpreted by examining the characteristic 

peaks and band patterns corresponding to specific 

functional groups, indicating structural modifications of the 

polymer matrix.  

RESULTS AND DISCUSSION 

Bacterial growth profile during three-stage enrichment 

on LDPE 

The first stage of the experiment involved enrichment 

culture, which produced three sequential culture samples: 

primary, secondary, and tertiary cultures. The optical density 

at 600 nm (OD₆₀₀) was measured to assess bacterial growth 

in each culture following a 30-day incubation period. The 

highest average OD₆₀₀ values was 0.2157±0.016 for the 
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primary culture, and the lowest was 0.2003±0.012 for the 

tertiary culture (Figure 2). This reduction indicates there 

are selection phenomena towards the bacterial growth in 

each culture. Based on the results of one-way ANOVA, no 

significant differences in cell density were observed among 

the three enrichment cultures (p = 0.732 > 0.05). This may 

be because the enrichment cultures did not drastically 

reduce the total number of cells, but instead promoted 

changes in community composition and bacterial dominance. 

16S rRNA amplicon sequencing analysis 

Alpha diversity  

The alpha diversity index (Table 1) serves as a metric 

for characterizing the average species diversity within a 

specific location or habitat on a local scale. The highest 

richness values were obtained in the primary culture, 

followed by the secondary and tertiary cultures, as 

indicated by the observed, Chao1, ACE, and Fisher indices. 

The Shannon and Simpson indices, on the other hand, 

showed a different pattern. The secondary culture had the 

most diversity, followed by the tertiary and primary 

cultures. The Shannon index reached its highest value in 

the secondary culture (3.74), while the Simpson index was 

closest to 1 (0.969), indicating a more balanced community 

with a more even distribution of species abundance. Based 

on Observed, Chao1, and ACE results, there is a decrease 

in amplicon sequence variants (ASVs) throughout the 

enrichment process. The primary culture exhibited the 

highest ASV richness with 134 ASV, followed by 82 ASVs 

in the secondary culture and 67 ASVs in the tertiary 

culture. 

The rarefaction curves of all samples tended to approach 

a plateau, indicating that the sequencing depth was 

sufficient to capture the majority of bacterial diversity 

within each sample (Figure 3). The asymptotic nature of 

the curves suggests that additional sequencing would yield 

only a limited number of new ASVs, confirming that the 

obtained sequencing coverage was adequate for downstream 

diversity analyses.  
 

 

 
 

Figure 2. The optical density of the end sequential culture (primary, 

secondary, and tertiary). Note: Primary (the first culture taken 

directly from the sample), Secondary (subculture from the 

primary stage), Tertiary (subculture from the secondary stage). No 

significant differences were observed among cultures (one-way 

ANOVA, p>0.05). Error bars represent standard deviation (n = 3)

 

 

 

 

 
 

Figure 3. Rarefaction curves of ASVs sampling depth 

 

 

 

Table 1. Alpha diversity index 

 

Culture stage Observed Chao1 ACE Shannon (H’) Simpson (D) Fisher 

Primary 134 134 134 1.86 0.533 15.55 

Secondary 82 82 82 3.74 0.969 11.34 

Tertiary 67 67 67 2.46 0.888 7.11 



 B IO DIVERSITAS  27 (3): d270325, March 2026 

 

6/17 

 
 

Figure 4. Beta diversity of different culture stages (Primary, Secondary, and Tertiary)  

 

 
 

Figure 5. Venn diagram of microbial communities at ASVs level 

among primary, secondary, and tertiary cultures 

 

 

Beta diversity  

A beta diversity analysis of the microbial community 

was conducted (Figure 3). A principal coordinates analysis 

(PCoA) with the Bray-Curtis matrix was performed to 

decompose the sample distance matrix and display the 

natural distribution of samples at a specific distance scale. 

The primary culture (red dot) was located at the lower 

right, the secondary culture (blue dot) at the left, and the 

tertiary culture (green dot) at the upper right. The 

contribution rates of axes 1 and 2 were 62.39% and 

37.61%, respectively. PCoA1 represents the main influence 

of the selection process during the enrichment culture. 

Therefore, the higher the percentage of PCoA1, the greater 

the difference in community composition between stages. 

PCoA2 represents secondary differences following PCoA1, 

such as adaptation to the LDPE substrate or the dominance 

of certain bacterial groups. The observed separation along 

PCoA1 suggests that the enrichment process selectively 

favored microbial taxa capable of utilizing LDPE as a 

carbon source, leading to significant compositional shifts 

from the primary to tertiary cultures. The distinct positions 

along PCoA2 indicate secondary ecological processes, such 

as competition, substrate specialization, or the 

establishment of dominant degraders within each stage. 

Venn diagrams serve as valuable tools for comparing 

species diversity or groups of organisms across different 

environmental conditions (Figure 5). The three enrichment 

cultures shared nine ASVs, indicating that these nine ASVs 

represent bacterial communities capable of adapting and 

potentially utilizing LDPE as their substrate. The primary 

culture shared five ASVs with the secondary culture and 16 

ASVs with the tertiary culture, while the secondary and 

tertiary cultures shared three ASVs. There are 39 unique 

ASVs found only in tertiary culture (Figure 4). 

Taxonomic profiles of bacterial communities in sample cultures 

According to the ASVs clustering results, species 

information and species-based abundance distribution for 

the three samples were obtained. Figure 6 depicts species 

abundance detected at different taxonomic levels. In total, 

16 identified phyla were observed, and ten phyla were 

identified at an abundance >1%. At the phylum level, 

Pseudomonadota (89.17%), Bacteroidota (3.61%), and 

Bacillota (2.32%) were dominant in primary cultures. In 

secondary cultures, Pseudomonadota (33.27%), Bacillota 

(24.95%), and Actinomycetota (12.98%) were the most 

abundant phyla. In tertiary cultures, Pseudomonodota 

(71.46%), Bacteroidota (26.32%), and Dadabacteria (1.85%) 

were dominant. When the ASVs were considered at the 

genus level, a high diversity of microbes was identified. In 

primary and secondary cultures, the largest genera were 

Acinetobacter (68.3%) and Staphylococcus (9.57%). In 

tertiary culture, the three most dominant genera were 

Qipengyuania (20.76%), Flavobacterium (17.08%), and 

Pseudoxanthomonas (11.46%) (Figure 6.B). The top 10 

dominant genera were Acinetobacter, Qipengyuania, 

Pseudomonas, Caulobacter, CSP1-2, Sphingopyxis, 

Paramesorhizobium, Methylorubrum, Brevundimonas, and 

Methylobacterium.
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Figure 6. Relative abundances of the dominant bacteria in each sample. A. Phylum, B. Genus 

 

 

 

Identification of selected bacteria 

In this study, bacterial isolation was performed 

following the tertiary enrichment stage to recover cultivable 

microorganisms with potential LDPE-degrading activity. 

Although amplicon sequencing revealed several dominant 

taxa in the enriched communities, the isolation procedure 

primarily targeted viable and fast-growing bacteria capable 

of forming colonies under laboratory conditions. As a 

result, the recovered isolates represent the cultivable 

fraction of the LDPE-enriched consortia rather than the 

most abundant taxa detected by sequencing analysis. 

A total of eight bacterial isolates (Isolates 1-8) were 

obtained from the tertiary culture (Table 2). Preliminary 

phenotypic characterization was conducted using Gram 

staining and microscopic observation at 400× 

magnification. The analysis showed that three isolates were 

Gram-positive and five were Gram-negative, with all 

isolates exhibiting rod-shaped (bacillus-like) morphology. 

The molecular identification process was carried out 

through the amplification of the 16S rRNA gene using a 

universal primer pair, 63F (5′-CAG GCC TAA CAC ATG 

CAA GTC-3′) and 16S rRNA_1387R (5′-GGG CGG WGT 

GTA CAA GGC-3′). The amplification results visualized 

on agarose gel electrophoresis showed a clear single DNA 

band at approximately 1,500 bp, corresponding to the 

expected fragment size of the bacterial 16S rRNA gene. 

The 16S rRNA gene sequencing results were analyzed 

using the BLASTn (Basic Local Alignment Search Tool) 

program available in the NCBI database to determine the 

level of similarity between the nucleotide sequences of the 

isolates and those of previously identified bacterial species. 

The percentage of sequence similarity between the isolates 

and reference strains ranged from 97-100%, indicating a 

close genetic relationship with species registered in the 

database. A similarity value of ≥99% is generally considered 

the threshold for species-level similarity (Waymire et al. 

2024). Based on the BLAST analysis, the obtained isolates 

exhibited high similarity to several bacterial species 

previously reported to have potential roles in plastic 

degradation, as shown in Table 3. The 16S rRNA gene 

sequences generated in this study have been submitted to 

the NCBI GenBank database and are currently under review. 

Accession numbers will be provided upon acceptance. 
 

 

 

Table 2. Characterization of bacterial isolates from tertiary cultures 

 

Code of isolates Gram Morphology 

K1 Positive Rod 

K2 Negative Rod 

K3 Negative Rod 

K4 Negative Rod 

K5 Positive Rod 

K6 Negative Rod 

K7 Positive Rod 

K8 Negative Rod 

 
 

 

A B 
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Table 3. Molecular identification results of bacterial isolates 

 

Code of isolates Fragment length (bp) BLAST similarity (%) Closest relative (NCBI) Accession number 

K1 1457 100 Brevibacterium oceani MH917919.1 

K2 1426 99.88 Microbacterium aurantiacum  AB610602.1 

K3 1438 100 Microbacterium sp. AB847928.1 

K4 1408 100 Aeromonas veronii OL885242.1 

K5 1470 99.68 Bacillus sp. ON571736.1 

K6 1431 99.79 Brucella daejeonensis MN258541.1 

K7 1351 92.08 Uncultured Nocardiaceae  KY271068.1 

K8 1476 100 Aeromonas jandaei KF908778.1 

 

 
 

Figure 7. Average plastic weight loss during 30 days incubation 

 

 

Percentage of plastic weight reduction 

The LDPE plastic samples exposed to several bacterial 

isolates showed variations in apparent mass loss after 30 

days of incubation (one-way ANOVA, p = 0.001 < 0.05). 

The highest average apparent mass loss was observed in 

LDPE treated with Bacillus sp. K5 (21.35%), followed by 

Microbacterium sp. K3 (20.27%), and Microbacterium 

aurantiacum K2 (17.10%). Control samples without bacterial 

inoculum also exhibited a reduction in mass (7.75%), 

indicating that part of the observed apparent mass loss may 

be attributed to additive leaching or handling artefacts 

rather than microbial activity alone. These data are 

presented as preliminary indicators of substrate-associated 

microbial activity rather than definitive evidence of LDPE 

biodegradation (Figure 7). 

Analysis of FTIR results 

After conducting the plastic weight reduction analysis 

as an initial indicator of degradation, the next step was to 

examine the changes in functional groups on the LDPE 

surface using Fourier Transform Infrared Spectroscopy 

(FTIR) was performed to identify chemical modifications 

occurring in the polymer structure as a result of microbial 

activity during the degradation process. Figure 8 presents 

the FTIR spectra obtained from the control, M. aurantiacum 

K2, Microbacterium sp. K3, and Bacillus sp. K5 samples, 

showing the wavelength positions of the peaks generated in 

the FTIR analysis. These peaks allow for the prediction of 

polymer structural changes, which may indicate modifications 

occurring during the degradation test. To clarify the 

differences among the spectra, a more detailed presentation 

of the peak values is provided in Table 4.  

The FTIR spectra revealed clear shifts from the 

untreated LDPE baseline, where no oxidative bands were 

present, indicating pristine LDPE polymer. Incubation with 

M. aurantiacum K2 resulted in the appearance of carbonyl 

bands and changes in C-H intensities, reflecting early 

oxidative modification and initial depolymerization of the 

LDPE surface. Microbacterium sp. K3 induced hydroxyl and 

carbonyl/amide-associated signals, indicating a degradation 

mechanism involving both oxidative transformation and 

biofilm-mediated surface interaction. The clearest changes 

were observed in the Bacillus sp. K5 treatment, which 

exhibited strong OH and carbonyl peaks and marked 

alterations in C-H bands, indicating intensive surface 

oxidation and chain scission. Collectively, these patterns 

demonstrate progressive oxidative degradation across 

isolates, with Bacillus sp. K5 shows the highest efficiency 

in modifying and breaking down the LDPE structure. Table 

5 shows the key FTIR peaks changes. 
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Figure 8. FTIR spectra of plastic after degradation test. A. Control, B. Microbacterium aurantiacum, C. Microbacterium sp., and D. 

Bacillus sp. 

 

 

 

Table 4. Peak spectrum values in FTIR results 

 

Wavenumber  

(cm⁻¹) 
Intensity Possible functional groups General interpretation Sampel 

719.37-730.56 56.66-73.72 CH₂ rocking Characteristics of the LDPE main chain Control, K2, K3, K5 

1301.77-1368.86 94.84-96.66 CH₂/CH₃ wagging - twisting Sign of a saturated hydrocarbon chain Control, K2, K3, K5 

1462.98-1473.23 61.20-74.74 CH₂ scissoring Long methylene chains Control. K2, K3, K5 

1646.55-1654 96.57-96.79 C=C stretching / amide I  Presence of double bonds or residual 

water/protein 

Control 

2848.62-2916.64 24.12-25.82 Stretching C-H from -CH₂- Aliphatic (C-H) bonds Control, K2, K3, K5 

1305.50-1379.12 95.08-97.16 CH₂/CH₃ wagging-twisting Slight change from control  K2 and K3 

1368.87-1379.12 94.16-94.46 CH₂/CH₃ wagging-twisting LDPE crystallinity decreased  K5 

1654.01 95.58 Conjugated C=O / Stretching 

C=C 

Sign of advanced polyethylene oxidation  K5 

3462.70-3549.36 95.35-96.36 -OH (hydroxyl) group /N-H 

(amide) 

Advanced LDPE oxidation or biofilm 

residue 

 K5 

 

 

 

Table 5. Key peaks changes 

 

Treatment Peak (cm⁻¹) Type of change Interpretation 

Microbacterium 

aurantiacum K2 

1305-1379 Appearance / shift CH₂/CH₃ wagging-twisting → slight modification of 

hydrocarbon chains 

2848-2916 Intensity change Minor reduction in C-H stretch → early chain modification 

Microbacterium sp. K3 1305-1379 Appearance / shift CH₂/CH₃ wagging-twisting → change in hydrocarbon chain 

structure 

2848-2916 Intensity change Reduction in C-H stretch → polymer chain disturbance 

Bacillus sp. K5 1368-1379 Appearance / shift Decreased LDPE crystallinity → structural rearrangement 

1654 Appearance Conjugated C=O / C=C → advanced oxidation 

3462-3549 Appearance -OH / N-H → surface hydroxylation or biofilm residue 

2848-2916 Intensity change C-H reduction → chain scission 

 

A B 

D C 
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Figure 9. SEM analysis of tested plastic. A. Control, B. Microbacterium aurantiacum, C. Microbacterium sp., and D. Bacillus sp. 

 

 

 

Table 6. Carbonyl and hydroxyl indices of LDPE samples 

 

Sample 
A1460 

(Ref) 
A(C=O)* A(OH)** CI HI 

Control 61.20 ND ND ~0 ~0 

K2 61.20 ND ND ~0 ~0 

K3 61.59 ND ND ~0 ~0 

K5 61.06 
95.58 

(1654 cm⁻¹) 

95.85 

(3462-

3549 cm⁻¹) 

1.57 1.57 

Note: A1460: reference band (CH₂ bending), A(C=O): absorbance 

at 1650-1700 cm⁻¹, A(OH): average absorbance at 3200-3600 

cm⁻¹, ND: Not detected, *: Carbonyl-related band, **: Hydroxyl 

stretching band 

 

 

 

Table 6 shows the carbonyl index (CI) and hydroxyl 

index (HI) values of the LDPE samples. The control, K2, 

and K3 samples showed no distinct carbonyl (1700-1740 

cm⁻¹) or hydroxyl (3200-3600 cm⁻¹) bands, resulting in 

negligible CI and HI values. In contrast, sample K5 

exhibited weak absorption bands at ~1654 cm⁻¹ and 3462-

3549 cm⁻¹, corresponding to carbonyl- and hydroxyl-

related functional groups, with CI and HI values of 1.57. 

These results indicate initial oxidative modification of 

LDPE under the experimental conditions. 

Analysis of SEM results 

The surface morphology of LDPE samples was examined 

using Scanning Electron Microscopy (SEM) to observe 

structural changes following incubation with bacterial 

isolates. This analysis was conducted to compare surface 

features between control and treated samples. Differences 

in surface topography, including the presence of cracks, 

grooves, pits, and surface irregularities, were observed in 

the treated samples compared to the control. The SEM 

micrographs of the analyzed samples are presented in 

Figure 9. 

To further characterize surface modifications, Energy 

Dispersive X-ray Spectroscopy (EDS) was performed to 

analyze the elemental composition of the LDPE surface. The 

EDS analysis focused on the relative abundance of carbon 

(C), oxygen (O), and other detected elements. Variations in 

elemental composition among the samples are presented in 

Figure 10. These results provide complementary information 

to the SEM observations by describing changes in surface 

elemental profiles following bacterial treatment. 

Quantitative analysis of SEM images was performed to 

evaluate surface morphological parameters of LDPE samples, 

including crack area, pore density, average pit diameter, and 

two-dimensional surface roughness at magnifications of 100, 

50, and 10 µm (Table 7). The control samples showed 

crack area values of 2.99-8.22%, pore density of 1.92 × 

10⁶-1.98 × 10⁷ mm⁻², average pit diameters of 0.84-1.74 

µm, and surface roughness of 43.40-70.06. K2-treated 

samples exhibited crack area values of 1.62-13.32%, pore 

density of 1.44 × 10⁶-1.90 × 10⁶ mm⁻², pit diameters of 0.60-

0.76 µm, and roughness values of 32.17-86.65. For K3-treated 

samples, crack area ranged from 8.05% to 14.97%, pore 

density from 2.25 × 10³ to 1.34 × 10⁶ mm⁻², average pit 

diameter from 0.40 to 0.74 µm, and surface roughness from 

69.36 to 90.97. K5-treated samples showed crack area 

values of 15.65-20.69%, pore density of 6.32 × 10⁵-1.54 × 

10⁶ mm⁻², pit diameters of 0.67-2.30 µm, and roughness 

values of 92.64-103.29. 

B C D A 
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Figure 10. EDS results of test plastic (A. Control; B. Microbacterium aurantiacum, C. Microbacterium sp., and D. Bacillus sp.) 

 

 

 

Table 7. Quantitative SEM surface parameters of LDPE samples analyzed by ImageJ 

 

Sample Mag (µm) Crack area (%) Pore density (mm²) 
Average Pit 

(µm) 
Roughness (2D) 

Control 100 5.960 19829492 1.176 60.371 

Control 50 8.224 6483295 0.839 70.058 

Control 10 2.985 1915169 1.743 43.396 

K2 100 5.907 1634683 0.610 60.119 

K2 50 13.322 1902678 0.600 86.652 

K2 10 1.618 1437076 0.761 32.170 

K3 100 13.524 1090414 0.707 87.204 

K3 50 14.965 1342138 0.399 90.967 

K3 10 8.046 2246 0.741 69.360 

K5 100 15.882 1536970 0.708 93.206 

K5 50 15.647 1209743 0.674 92.641 

K5 10 20.687 631591 2.300 103.290 

 

A 

D 

C 

B 
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Discussion 

In this study, the enrichment process produced clear 

shifts in bacterial cell density and microbial composition 

across the three culture stages. The slight decrease in OD₆₀₀ 

values from primary to tertiary culture indicates progressive 

selection for bacteria capable of growing on LDPE as the 

sole carbon source. In this study, the non-significant 

differences in cell density indicate that the enrichment 

cultures did not drastically reduce the total number of cells, 

but instead promoted shifts in community composition and 

bacterial dominance. The absence of statistically significant 

differences in cell density supports the interpretation that 

enrichment acted primarily through taxonomic replacement 

and dominance shifts, rather than through extensive cell 

lysis or toxicity-driven mortality. This pattern is consistent 

with previous reports showing declining biomass during 

serial enrichment with methane or Cs⁺ ions (Kato et al. 

2016; Goraj et al. 2023). Given that LDPE is chemically 

inert and non-toxic, the observed trends are best explained 

by strong selective pressure associated with its high 

molecular weight, hydrophobicity, and resistance to 

enzymatic attack, rather than starvation-induced cell death 

(Kimber et al. 2023). Similar enrichment-driven selection 

toward specialist degraders has been widely reported in 

studies targeting plastic- and hydrocarbon-degrading 

microorganisms (Rong et al. 2024; Zhang et al. 2024), 

underscoring the ecological consistency of the observed 

response. 

Amplicon-based community profiling revealed 

pronounced microbial restructuring during the enrichment 

process. Alpha diversity analysis showed that species 

richness was highest in the primary culture, reflecting the 

heterogeneous composition of the original mangrove 

sediment. Richness progressively declined toward the 

tertiary stage, as indicated by decreasing Observed, Chao1, 

ACE, and ASV values. In contrast, the secondary culture 

exhibited the highest Shannon and Simpson indices, 

suggesting increased community evenness and diversity at 

this intermediate stage. The tertiary culture, which retained 

only 39 ASVs, represents a niche-adapted assemblage 

dominated by specialized LDPE degraders and associated 

cross-feeders (Pawano et al. 2024). This pattern is consistent 

with previous studies demonstrating that stepwise enrichment 

reduces overall richness while promoting functional 

specialization (Skariyachan et al. 2021). The marked 

decline in ASV richness from primary to tertiary cultures 

indicates strong substrate-driven selection, favoring taxa 

capable of utilizing or benefiting from LDPE-derived 

compounds. The elevated diversity and evenness observed 

in the secondary culture likely reflect an intermediate 

successional phase characterized by the coexistence of 

multiple interacting species, potentially involving cross-

feeding or synergistic degradation pathways. In contrast, 

the reduced diversity in the tertiary culture suggests 

competitive exclusion and dominance by highly efficient 

degraders. 

Beta diversity analysis based on Bray-Curtis 

dissimilarity revealed clear separation among enrichment 

stages, confirming substantial shifts in community 

composition during successive enrichment. Together, the 

declining alpha diversity and increasing inter-stage 

dissimilarity highlight the strong selective pressure 

imposed by LDPE, which progressively eliminates non-

utilizing taxa and promotes the establishment of specialized 

microbial consortia. 

ASV-based Venn analysis reinforced this interpretation. 

The primary culture exhibited the highest ASV richness, 

reflecting generalist and non-degrading taxa from 

mangrove sediments. Selective pressure in the secondary 

culture retained only LDPE-adapted taxa, whereas the 

tertiary culture harbored 39 unique ASVs, likely activated 

or enriched under specialized LDPE-driven conditions, 

consistent with observations in PP-enriched systems (Salinas 

et al. 2023; Pawano et al. 2024). Nine ASVs persisted 

across all stages, constituting a stable core plastisphere 

microbiome (Agostini et al. 2021). Transitional dynamics 

were evident: five ASVs shared between primary and 

secondary cultures represent early colonizers subsequently 

outcompeted, whereas three ASVs shared between 

secondary and tertiary cultures likely emerged in response 

to metabolites such as organic acids, H₂, and formate, 

which create new ecological niches for initially rare taxa. 

Sixteen ASVs shared between primary and tertiary cultures 

exhibited a disappearance-reappearance pattern indicative 

of metabolic cross-feeding, wherein “receiver” taxa depend 

on metabolites from “provider” taxa (Jiao et al. 2016; Dang 

et al. 2023). Collectively, these findings demonstrate that 

LDPE-driven enrichment reshapes microbial communities 

through the interplay of core persistence, transient 

colonization, and selective activation of rare taxa. 

The observed taxonomic succession reflects the 

selective establishment of an LDPE-adapted microbial 

community, in which functional specialization gradually 

supersedes taxonomic diversity. The dominance of 

Pseudomonadota, particularly Gammaproteobacteria, is 

consistent with their well-documented capacity for polymer 

degradation in plastisphere environments (Bocci et al. 

2024; Muangchinda and Pinyakong 2024). Concurrent 

increases in Bacteroidota and Actinomycetota indicate 

adaptive restructuring, whereby early colonizers likely 

initiate polymer oxidation, enabling secondary taxa to 

exploit oxidized metabolites and demonstrating metabolic 

complementarity and division of labor (Wicaksono et al. 

2022). 

At the genus level, Acinetobacter, Pseudomonas, and 

Pseudoxanthomonas exemplify the oxidative and hydrolytic 

versatility required for LDPE breakdown, while Qipengyuania 

and Flavobacterium likely contribute through hydrocarbon 

metabolism and biofilm-mediated polymer utilization. 

These patterns underscore the ecological relevance of 

multispecies interactions in shaping plastisphere 

communities and highlight the potential for designing 

synthetic consortia or enzyme-assisted bioreactors informed 

by amplicon-based community profiling. 

Notably, the cultured isolates did not fully correspond 

to the dominant taxa identified through 16S rRNA amplicon 

sequencing. This discrepancy reflects well-documented 

cultivation bias, in which many abundant environmental 

microorganisms exhibit slow growth, specific nutrient 

requirements, or dependencies on interspecies interactions 
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that are difficult to replicate under laboratory conditions 

(Wang et al. 2020). Standard isolation methods tend to 

favor fast-growing and stress-tolerant microorganisms, 

whereas amplicon sequencing provides a broader, albeit 

incomplete, representation of community diversity. A 

similar pattern has been reported in study of marine sponge 

microbiomes, where culture-based and sequencing-based 

analyses often produce contrasting community profiles. In 

these systems, dominant taxa detected by high-throughput 

sequencing are frequently absent from culture collections, 

while many isolated strains represent only a small fraction 

of the total community (Hardoim et al. 2014). Consequently, 

the isolates obtained in this study represent the cultivable 

fraction of the LDPE-enriched consortia rather than the 

most abundant in situ taxa. 

Despite this limitation, isolate analysis highlights the 

pivotal role of Actinobacteriota in advanced polymer 

degradation, while the persistence of Aeromonas and other 

Gammaproteobacteria suggests community resilience and 

functional redundancy under prolonged LDPE selection 

(Muangchinda et al. 2024). The survival of Bacillus spp. 

further illustrates adaptation to nutrient-limited, polymer-

rich environments through endospore formation and 

metabolic versatility (Waqas et al. 2021). In addition, the 

detection of Brucella daejeonensis extends the ecological 

range of certain Brucella species to plastisphere-associated 

biofilms, suggesting potentially overlooked contributions to 

polymer-associated microbial networks (Muthukumar et al. 

2003; Zettler et al. 2013). 

Collectively, these findings indicate a transition from 

diverse initial assemblages to a streamlined, functionally 

optimized consortium driven by strong substrate-mediated 

selection. Although cultivation bias limits direct taxonomic 

mapping between isolates and dominant ASVs, the 

integration of culture-based and sequencing-based approaches 

provides complementary insights into community structure 

and functional potential. This combined framework enhances 

our understanding of microbial adaptation to recalcitrant 

polymers and supports the rational development of LDPE-

targeted bioremediation strategies. 

Biodegradation assays based on weight loss, FTIR, and 

SEM analyses were conducted. Apparent weight loss 

demonstrated clear isolate-dependent variation in LDPE 

degradation capacity, reflecting differences in metabolic 

potential, enzymatic systems, and surface colonization 

ability. The superior performance of Bacillus sp. K5 is 

consistent with previous reports (~21.6%) (Isha et al. 2024) 

and is likely associated with carbon-limited conditions that 

promote LDPE utilization, together with its broad 

repertoire of oxidative and hydrolytic enzymes, including 

laccases, peroxidases, and lipases (Harshvardhan and Jha 

2013; Tirkey et al. 2025). Microbacterium isolates also 

exhibited substantial activity, in agreement with earlier 

studies demonstrating their ability to induce surface oxidation 

and polymer weight reduction. Differences between M. 

aurantiacum K2 and Microbacterium sp. K3 likely reflects 

strain-specific variation in enzyme expression, biofilm 

formation, and responses to environmental conditions 

(Sharma et al. 2022; Zhang et al. 2024). 

Lower or intermediate degradation activities observed 

in Brevibacterium, Aeromonas, Rhodococcus, and Brucella 

isolates are consistent with previous reports linking 

polyethylene oxidation to biosurfactant production and 

strain-specific oxidative enzymes, including LMCO, AlkB, 

and monooxygenases (Alamer et al. 2023; Tao et al. 2023; 

Zhai et al. 2023). Control samples without bacterial inoculum 

showed 7.75% reduction, indicating that a portion of the 

observed mass loss may result from additive leaching, 

surface oxidation, or handling artefacts during film washing, 

drying, and preparations. Overall, variability in degradation 

efficiency reflects differences in enzymatic capacity, 

surface attachment, and metabolic activity, whereas minor 

mass loss in controls is attributable to additive leaching or 

abiotic oxidation rather than true biodegradation (Ghatge et 

al. 2020). Despite these potential non-biological contributions, 

the substantially higher mass loss in inoculated samples 

compared to controls demonstrates the relative contribution 

of microbial activity. Therefore, the data remain 

representative for evaluating the capacity of each isolate to 

promote LDPE apparent mass loss under the tested 

conditions. The three most active strains were selected for 

further structural and chemical analyses. 

Detailed analyses were focused on the three most 

efficient isolates, namely M. aurantiacum K2, 

Microbacterium sp. K3, and Bacillus sp. K5. Gravimetric 

results indicated that LDPE degradation efficiency varied 

among isolates and was closely associated with their 

oxidative activity. FTIR analysis supported the gravimetric 

findings. The control, K2, and K3 samples did not exhibit 

distinct carbonyl (1700-1740 cm⁻¹) or hydroxyl (3200-3600 

cm⁻¹) bands, resulting in negligible carbonyl and hydroxyl 

index values and indicating limited oxidative modification. 

In contrast, LDPE films incubated with Bacillus sp. K5 

showed weak absorption bands at approximately 1654 cm⁻¹ 

and 3462-3549 cm⁻¹, corresponding to carbonyl- and 

hydroxyl-related functional groups. Accordingly, K5 

exhibited higher CI and HI values, suggesting the initiation 

of surface oxidation. The formation of oxygen-containing 

functional groups is characteristic of early-stage polyethylene 

biodegradation and may enhance surface polarity, facilitating 

microbial attachment and enzyme-substrate interactions. 

However, the absence of a pronounced carbonyl band near 

1715 cm⁻¹ indicates that advanced oxidation had not yet 

occurred. 

The relatively higher performance of Bacillus sp. K5 

may be related to its enzymatic versatility, as members of 

this genus are known to produce oxidative and hydrolytic 

enzymes involved in polymer modification (Harshvardhan 

and Jha 2013; Ojha et al. 2017). The persistent and 

dominant LDPE degradation by Bacillus in our study 

mirrors findings from Perdigão et al. (2026), where 

Bacillus strains were shown to have lipolytic activity, 

suggesting involvement of alternative degradation pathways. 

In contrast, LDPE samples are treated with Microbacterium 

sp. K3 and M. aurantiacum K2 showed negligible CI and 

HI values, consistent with their lower degradation efficiency. 

It should be noted that FTIR spectra were obtained without 

technical or biological replicates. Therefore, CI and HI 

values are presented descriptively, and statistical analysis 
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could not be performed. Future studies incorporating 

replicated measurements are required for a more robust 

quantitative evaluation.  

SEM-EDS analysis was conducted to evaluate surface 

morphological and elemental changes in LDPE films 

following bacterial treatment. The control samples exhibited 

smooth, uniform, and intact surfaces with minimal defects, 

which is consistent with low crack area, low surface 

roughness, and high pore density values obtained from 

quantitative analysis. EDS spectra of the control were 

dominated by carbon with negligible oxygen content, 

indicating limited surface modification, in agreement with 

previous reports (Blair et al. 2019). LDPE films treated 

with M. aurantiacum K2 showed moderate surface 

alteration, characterized by mild roughening and shallow 

pits. These observations were supported by quantitative 

data showing moderate increases in crack area and surface 

roughness. EDS analysis revealed a slight increase in 

oxygen content relative to the control, suggesting 

measurable changes in surface elemental composition, 

consistent with earlier studies on microbial oxidation of 

polyethylene (Adamcová et al. 2018; Kotova et al. 2021). 

Samples treated with Microbacterium sp. K3 exhibited 

more pronounced surface irregularities, including localized 

pits, grooves, and uneven cavities. Quantitative SEM 

analysis indicated higher crack area and surface roughness 

values compared to K2. Correspondingly, EDS spectra 

showed increased oxygen signals and traces of silicon, 

which have been previously associated with surface 

modification processes during microbial plastic weathering 

(Restrepo-Flórez et al. 2014; Tirkey et al. 2025). The most 

extensive morphological changes were observed in samples 

treated with Bacillus sp. K5, which displayed widespread 

microcracks, deep pits, and surface fragmentation. These 

features were consistent with the highest crack area, largest 

pit diameter, and highest roughness values among all 

treatments. EDS analysis showed relatively higher oxygen 

content and reduced carbon proportions compared to the 

control, indicating notable changes in surface elemental 

composition. These observations were further supported by 

FTIR results showing increased carbonyl and hydroxyl 

signals, as reported in similar biodegradation studies 

(Waqas et al. 2021). 

Overall, the combined SEM, EDS, FTIR, and quantitative 

image analysis data demonstrate a progressive increase in 

surface modification from K2 to K3 and K5 treatments, 

which is consistent with the observed weight loss patterns. 

This trend supports previous findings on microbial 

polyethylene weathering and surface oxidation (Restrepo-

Flórez et al. 2014; Muangchinda et al. 2024; Tirkey et al. 

2025). However, it should be noted that surface features 

observed by SEM may also be influenced by environmental 

exposure, sample preparation, and handling procedures. 

Therefore, the detected morphological and elemental 

changes cannot be attributed solely to microbial activity. 

Nevertheless, the consistent trends observed across multiple 

analytical approaches support the association between 

bacterial treatment and surface modification. 

The presence of LDPE-degrading bacteria in enrichment 

cultures derived from Pamekasan mangrove plastispheres 

indicates potential ecological relevance for plastic 

persistence and microbial dynamics in these environments. 

Mangrove ecosystems function as biodiversity hotspots, 

carbon sinks, and natural coastal barriers; however, increasing 

plastic accumulation in sediments and root systems poses 

substantial ecological risks, including physical smothering, 

altered sediment properties, and pollutant retention (Danso 

et al. 2019). Partial biodegradation mediated by plastisphere-

associated bacteria may contribute to reducing the 

persistence and physical impacts of plastic debris on 

mangrove roots, benthic fauna, and sediment structure, 

potentially alleviating disruptions in oxygen diffusion and 

nutrient exchange over extended periods. 

Plastisphere surfaces represent distinct ecological niches 

that selectively enrich taxa with oxidative metabolism and 

strong biofilm-forming capacity, including Aeromonas, 

Bacillus, Microbacterium, and Rhodococcus. This selective 

enrichment is consistent with the strain-specific variation in 

degradation efficiency discussed above and reflects 

differences in enzymatic activity, surface colonization, and 

metabolic adaptability. The formation of plastisphere 

biofilms and associated metabolic specialization has been 

widely recognized as a key factor influencing polymer 

transformation and community succession on plastic surfaces 

(Zettler et al. 2013; Danso et al. 2019). Given the central 

role of microbial communities in organic matter turnover 

and nutrient cycling in mangrove ecosystems, such 

compositional shifts may influence local biogeochemical 

processes depending on plastic load, residence time, and 

environmental conditions. 

Although microbial colonization and partial degradation 

may reduce physical hazards associated with plastic debris, 

plastisphere biofilms may also facilitate the dispersal of 

opportunistic or non-native microorganisms (Zettler et al. 

2013). The detection of genera containing potentially 

pathogenic species, such as Aeromonas and Brucella, 

highlights the need to evaluate ecological risks alongside 

biodegradation benefits, particularly under long-term or 

large-scale exposure scenarios. From a sustainability 

perspective, the occurrence of indigenous LDPE-degrading 

bacteria suggests an inherent ecosystem-based capacity for 

partial plastic attenuation. These microbial processes may 

support environmentally compatible bioremediation strategies, 

as in situ degradation avoids disturbances associated with 

mechanical removal or chemical treatments. However, 

microbial degradation alone cannot offset continuous 

plastic inputs and should be considered a complementary 

rather than standalone mitigation approach. 

This study combines stepwise enrichment, ASV-resolved 

community analysis, and isolate-level functional validation 

to examine polyethylene degradation within a mangrove-

derived plastisphere system. Previous studies have often 

addressed enrichment dynamics and single-isolate degradation 

assays separately, limiting direct comparison between 

community succession and functional performance. By 

integrating these approaches, the present results enable 

direct linkage between microbial community restructuring 

and LDPE degradation capacity. Earlier enrichment studies 

frequently reported pronounced biomass decline under 

recalcitrant substrates. In contrast, the observed marginal 
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reduction in cell density accompanied by substantial 

compositional shifts indicates that LDPE selection 

primarily operates through taxonomic replacement rather 

than biomass collapse, supporting its role as a selective 

ecological filter. Furthermore, variability in degradation 

efficiency among closely related taxa was associated with 

strain-level differences in oxidative metabolism, biofilm 

formation, and metabolic specialization, as reflected by 

consistent relationships between surface modification and 

weight loss. 

The persistence of core ASVs throughout enrichment 

stages suggests the presence of metabolically flexible taxa 

that remain active during community restructuring. In 

addition, the sustained occurrence of Aeromonas, 

Rhodococcus, and Brucella indicates that LDPE-associated 

communities are not dominated exclusively by classical 

hydrocarbon degraders. Instead, the observed patterns are 

consistent with consortium-based degradation involving 

complementary metabolic functions. The persistence of 

Bacillus across enrichment stages, together with its 

dominant performance in degradation assays and consistent 

oxidative signatures, indicates that this genus represents a 

stable and functionally relevant member of LDPE-adapted 

communities rather than a transient opportunistic colonizer. 

The previous study indicates a consortium of bacteria, 

primarily Pseudomonas, Bacillus, and Rhodococcus 

capable of colonizing the “plastisphere” and degrading 

major polymers through specific enzymatic pathways 

(Barwant et al. 2026). 

Despite these advances, several limitations should be 

acknowledged. First, the use of composite sediment 

samples and the absence of environmental measurements 

(e.g., salinity, pH, and temperature) limited statistical 

resolution and ecological interpretation. Future studies 

should incorporate spatially resolved sampling and 

concurrent environmental monitoring. Second, the lack of 

additional controls, such as inoculated carbon-free medium 

without LDPE and uninoculated LDPE incubations, 

constrained causal inference regarding LDPE-driven 

community shifts. Although logistical constraints prevented 

their inclusion, future experiments should incorporate these 

controls to strengthen validation. Third, FTIR analyses 

were conducted without replication, restricting quantitative 

interpretation of oxidation indices. Replicated spectroscopic 

measurements and complementary techniques are therefore 

required in future work. Fourth, degradation assessment 

based on mass loss, FTIR, and SEM-EDS reflects early to 

intermediate degradation stages and does not directly 

demonstrate complete mineralization. Future studies should 

integrate respirometric, isotope-labeling, and metabolite-

based approaches to evaluate mineralization pathways. 

Finally, enrichment procedures likely favored fast-growing 

taxa, potentially underrepresenting slow-growing or 

syntrophic microorganisms. Cultivation-independent methods, 

consortium-based experiments, and multi-omics analyses 

should be applied to capture broader functional diversity. 

In conclusion, this study shows that integrating stepwise 

enrichment, 16S rRNA amplicon sequencing, and isolate-

level functional validation enables direct linkage between 

microbial community succession and LDPE degradation 

capacity under controlled conditions. The persistence of 

core taxa and the strain-specific variation in degradation 

performance indicate that LDPE transformation in 

mangrove-derived plastispheres is mediated by cooperative 

microbial processes rather than single dominant degraders, 

highlighting the potential of indigenous bacteria for 

environmentally compatible plastic attenuation. However, 

the observed degradation reflects early-stage processes and 

requires further validation under environmentally realistic 

conditions. Future studies should therefore focus on 

characterizing enzyme systems, examining consortium-

level interactions, optimizing degradation conditions, and 

evaluating in situ performance to support the development 

of scalable bioremediation strategies. 
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